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ABSTRACT
The control region of mitochondrial DNA in the southern short-tailed shrew (Blarina
carolinensis) was examined to further understand haplotype and nucleotide diversity of
the species within a chromosomal-polymorphic zone in western Tennessee, as well as, in
populations west of the Mississippi River. A congruent 214 base-pair region of 78
aligned sequences was analyzed from populations in western Tennessee, eastern
Arkansas, eastern Texas, and eastern Oklahoma. Of the 78 sequences, 54 unique
haplotypes were found. High haplotype and nucleotide diversity were reported for each
locality and for the area sampled as a whole. Fixation indices also further support the
degree of haplotype diversity within and among populations of B. carolinensis.
Populations showed moderate genetic divergence; yet, genetic variation within
populations was greater than among populations. The study provides new insight into
genetic variation within B. carolinensis.
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PREFACE
The thesis is formatted in the style appropriate for Molecular Ecology. This is the
journal to which the paper will be submitted for publication. Appendices have been
added to provide supporting data for interested investigators. The citation in the main
body of the thesis to Grow (2015) refers to this thesis.

vi

TABLE OF CONTENTS
Chapter

Page

1

Introduction

1

2

Study Areas

4

3

Materials and Methods
Sample Collection and Identification
Laboratory Procedures
Phylogenetic Analysis

9
9
12

4

5

Results
Sample Collection and GenBank
Haplotype and Nucleotide Diversity
AMOVA

14
14
16

Discussion
Haplotype and Nucleotide Diversity
AMOVA
Summary

19
22
25

References

27

Appendices
A. Localities and accession numbers for samples collected
for a genetic study of Blarina carolinensis
B. Haplotype frequencies of Blarina carolinensis from western
Tennessee, eastern Arkansas, eastern Oklahoma, and eastern Texas

34
37

IACUC Protocol

39

vii

CHAPTER ONE – INTRODUCTION
To understand the process of adaptation through natural selection, we must first
understand how genetic variation is organized in populations (Smith & Smith 2012).
Such thinking has led to numerous studies and reviews of literature relating to genetic
variability in natural populations (see Nevo 1978; Nei 1987; Smith 1989; Chesser 1991;
Hartl and Clark 1997; Amos & Harwood 1998). Yet, many fundamental questions
regarding the mechanisms of speciation and reproductive isolation remain unclear (Wolf
et al. 2010; Butlin et al. 2012). Via (2009) noted the need to identify species at early or
intermediate stages of divergence before they reach species status. Additionally,
Streisfeld (2013) stated that the roles ecology and natural selection play in the formation
of a species has yet to be fully characterized. At present, there is a need to more
completely understand the genetic processes associated with incipient species.
Development of modern molecular methods has made it possible to examine
geographic variation in genetic features using molecular markers and to deduce
intraspecific relationships within taxa (Avise et al. 1987; Avise 1994; Taberlet et al.
1998). High rate of evolutionary substitutions, maternal inheritance, absence of
recombination, and extensive intraspecific polymorphism makes mitochondrial DNA
(mtDNA) a useful marker for studying evolutionary events at the intraspecific level
(Moritz et al. 1987; Kocher et al. 1989; Stewart & Baker 1994; Avise 2004; Hutchinson
2010). Haplotype (alleles at a locus defined by their mtDNA sequences or restriction
sites) variation derived from mtDNA has been shown to be useful for identifying patterns
of genetic variation (Ratkiewicz et al. 2002; Shi-Yi et al. 2011; Ohdachi et al. 2012;
Shamblin et al. 2014; Maldonado et al. 2015). Variation among mtDNA haplotypes can
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be used to address genetic problems at levels from intraspecific phylogeography to
intraordnial phylogeny (Avise 2004). However, at this time, haplotype diversity and
variation is unknown or unclear for many species.
The southern short-tailed shrew (Blarina carolinensis) makes an interesting model for
studying genetic variation within and among populations. At the karyotypic level, this
species has exhibited extensive polymorphisms for chromosomal rearrangements in
western Tennessee and northern Mississippi, and the species has been recognized as a
taxon in an early stage of speciation (see Beck et al. 1991; Elrod et al. 1996; Qumsiyeh et
al. 1997; 1999). Qumsiyeh et al. (1999) noted that populations of southern short-tailed
shrews occurring in western Tennessee and northern Mississippi had a much higher
degree of polymorphism for numerous Robertsonian translocations than any thus far
described in mammals. Previous genetic studies involving variation in the genus Blarina
have utilized allozymes (Tolliver & Robbins 1987), standard karyotypes (George et al.
1982), chromosome banding (Elrod et al. 1996), or cytochrome b and 16S rRNA from
mtDNA (Brant & Orti 2002, 2003a; Pfau et al. 2011) to analyze and assess inter- and
intraspecific relationships. Additionally, investigations, utilizing the control regions of
mtDNA and haplotype diversity have been conducted in B. brevicauda and B. hylophaga
(Brant & Orti 2003b), as well as, in the chromosomal polymorphic species Sorex araneus
(Stewart & Baker 1994; Taberlet et al. 1994) and Mus domesticus (Nachman et al. 1994).
However, with the exception of Kersten (2011) and Carpenter (2013), haplotype diversity
has not been assessed in B. carolinensis. Examination of mtDNA haplotypes can provide
insight about evolutionary processes independent from the Mendelian processes
characteristic of chromosomal variation and give a further understanding of intraspecific-
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genetic variation within and among populations (Hausser et al. 1998; Esselstyn & Brown
2009).
The purpose of the present study was to examine the control region of mtDNA to
determine haplotype and nucleotide diversity within and among populations of B.
carolinensis. Specifically, I test the predictions that 1) haplotypes characterizing the
southern short-tailed shrew are fixed throughout western Tennessee, eastern Arkansas,
eastern Oklahoma, and eastern Texas and 2) genetic variation is greater among
populations than within populations. This study should provide new insight toward
understanding haplotype and nucleotide diversity and genetic processes associated with a
species in early stages of speciation (see Qumsiyeh et al. 1999).
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CHAPTER TWO – STUDY AREAS
A total of 8 study areas were selected in western Tennessee, eastern Arkansas, eastern
Oklahoma, and eastern Texas. Five sites were located within western Tennessee and
were selected based upon accessibility and distribution within the hybrid zone of
chromosomal polymorphism as described by Qumsiyeh et al. (1999). One additional site
in eastern Arkansas was selected due to its geographic proximity to the western
Tennessee sites but separated by a potential geographic barrier, the Mississippi River. In
addition, 2 other sites were selected. One was from Harrison County, Texas, and the
other from Le Flore County, Oklahoma. These 2 sites were from the western side of the
Mississippi River and represented the western boundary of the distribution of B.
carolinensis (see McCay 2001). Specimens from the 5 localities in western Tennessee
and 1 locality in eastern Arkansas were obtained from field collections by personnel of
The University of Memphis. Shrews from eastern Texas and eastern Oklahoma were
donated by researchers from East Texas Baptist University and University of Oklahoma.
General habitat descriptions of the 2 counties from which shrews were obtained, as well
as, the other 6 study sites, are described as follows:
Site 1
The Edward J. Meeman Biological Station (Meeman) was owned by the State of
Tennessee and operated by The University of Memphis. It was located approximately 40
kilometers (km) north of Memphis and 3 km east of the Mississippi River in Shelby
County, Tennessee. Meeman was approximately 252 hectares (ha) in size and was
situated within a narrow transition zone between the Mississippi River Valley and West
Tennessee Coastal Plain physiographic regions. Topography consisted of low plains and
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fertile valleys, which were drained by the Mississippi River and its tributaries. Habitat
within Meeman consisted primarily of upland hardwood and bottomland forests. See
Moore & Kennedy (1985), Beck et al. (1991), and Elrod et al. (1996) for a more detailed
description of the site.
Site 2
Shelby Farms Park (Shelby Farms) was an approximately 1,821 ha park located at the
center of Shelby County in Memphis, Tennessee (Wolcott et al. 2012). It was bordered
on 2 sides by major streets (Mullins Station Road to the north; Germantown Parkway to
the east) and by the Wolf River to the south and west. Shelby Farms was divided by
Walnut Grove Road into northern and southern sections. A majority of recreational
activities (e.g., horseback riding, biking, canoeing, disc golf) occurred on the north side
of Shelby Farms and in the Lucius Burch Natural Area on the south side. Biking and
hiking trails interspersed Shelby Farms throughout. The north side of Shelby Farms was
further dissected into east and west sections by Farm Road; topography consisted of low
plains and rolling hills, with deciduous-bottomland hardwood forests along the Wolf
River on the south and west boundaries and deciduous-upland hardwood forests on the
north and east boundaries. Farmland and old fields fragmented the central portion of the
park, as well as, portions throughout the park. This fragmentation also provided excellent
forest/field edge habitat for B. carolinensis. See Wolcott et al. (2012) for a more detailed
description of the site.
Site 3
Hatchie National Wildlife Refuge (Hatchie) was located approximately 6.5 km south
of Brownsville, Tennessee. Hatchie comprised 4,677 ha along 37 km of the Hatchie
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River in Haywood County and functioned as a sanctuary for migratory birds
(Kellenberger 2012). Habitats found on Hatchie consisted of bottomland hardwood
forests, upland forests, agriculture, wetlands, grassland, scrub/shrub, and areas of open
water (Kellenberger 2012). Additional description of this site can be found in Leberg et
al. (1983) and Leberg & Kennedy (1988).
Site 4
Milan Army Ammunition Plant (Milan) was an ammunition plant for the United
States Army and was located in Gibson and Carroll counties near Milan, Tennessee. The
facility encompassed approximately 9,048 ha and was bordered by Spring Creek Road to
the east and Highway 45E to the west. The Rutherford Fork of the Obion River
represented the northern boundary and Hope Hill Cemetery Road and Brewer Hill Road
denoted the southern boundary. The site was comprised mostly of deciduous-upland
hardwood forests, highly fragmented by farmland, roads, and various facilities associated
with Milan. Additional descriptions of the site can be found in Dennison (2014).
Site 5
Ames Plantation (Ames) was owned and operated by the Trustees of Hobart Ames
Foundation and functioned as the University of Tennessee’s AgResearch and Education
Centers. The site was comprised of 7,446 ha located approximately 97 km east of
Memphis and 16 km north of the Tennessee-Mississippi state line near Grand Junction,
Tennessee, in Fayette and Hardeman counties. Habitat at Ames consisted of upland and
bottomland hardwood forests and farmland. Ames also maintained Angus beef cattle and
horses that utilized the site (Baldwin 2003). For additional descriptions of the site, see
Carver (2009).
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Site 6
Wapanocca National Wildlife Refuge (Arkansas) was located approximately 32 km
northwest of Memphis, Tennessee, and 6 km west of the Mississippi River, in Crittenden
County, Arkansas. Arkansas encompassed approximately 2,220 ha surrounded by
farmland and provided habitat (30 small field impoundments) for migrating and
wintering waterfowl. Habitat within Arkansas was diverse, consisting of agricultural
fields, mature bottomland hardwood forests, reforested upland hardwoods, open water,
and cypress/willow swamps (Menke 2004).
Site 7
Harrison County, Texas (Texas) was located in northeastern Texas approximately 63
km west of Shreveport, Louisiana. The county was comprised of approximately 236,774
ha and was located within the East Texas Timberlands Land Resource Area. Fifty-one
percent of the county was managed as woodland and was heavily forested with various
softwoods and hardwoods. The remaining land was utilized as pasture for livestock and
farmland. Topography consisted of gently rolling hills dissected with rivers and creeks
(Golden et al. 1994; Campbell 2015).
Site 8
Le Flore County, Oklahoma (Oklahoma), was located in southeastern Oklahoma
adjacent to the Arkansas border, just southwest of Fort Smith, Arkansas. The county was
comprised of approximately 409,736 ha located within the Arkansas Valley and Ouachita
Mountain physiographic regions. A majority of the county was managed as woodland
and was forested with various softwood and hardwood species. The remaining land
consisted of pasture for livestock and farmland. Topography ranged from nearly level
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floodplains associated with the Arkansas, Poteau, and Kiamichi Rivers to steep
mountainous areas associated with the Ouachita Mountains in the southern part of the
county (Abernathy and Olszewski 1983; O’Dell 2009).
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CHAPTER THREE – MATERIALS AND METHODS
Sample Collection and Identification
Shrews of the genus Blarina were captured using pitfall traps. A pitfall trap consisted
of a 1-gallon plastic bucket placed in the ground, with the top of the bucket at ground
level. Upon capture, if the animal was alive, methods of euthanasia followed the
Institutional Animal Care and Use Committee Protocol #0729. Individuals were either
taken back to the lab at The University of Memphis for dissection and removal of
appropriate tissue (heart, kidney, or muscle) or were placed into a freezer until further
examination.
Of the shrews captured, 9 were of the species B. brevicauda and 6 were of the species
B. hylophaga. The remaining individuals were identified to be B. carolinensis based
upon morphological characteristics and locality where captured within the current
distribution. GenBank did not include mtDNA control region sequences for B.
carolinensis. Therefore, to further confirm that the remaining individuals were B.
carolinensis, sequences were searched using BLAST in GenBank for percent query
coverage and percent identity to the nearest species. All individuals matched closely to
either B. brevicauda or B. hylophaga control region sequences in GenBank, but all 3 taxa
were considered separate species.
Laboratory Procedures
DNA isolation followed the QAIGEN DNeasy Spin Column Protocol for the
purification of total DNA from animal tissues. Approximately 25 milligrams (mg) of
kidney or muscle tissue was taken from each specimen and placed into a 1.5 milliliter
(ml) micro-centrifuge tube. One hundred and eighty microliters of Buffer ATL and 20
microliters (µl) of proteinase K were added to each sample, mixed thoroughly by
9

vortexing, and incubated in a 56°C water bath for approximately 3 hours. To further
induce cell lysing, samples were removed from the water bath occasionally and vortexed.
Upon completion of incubation, 4 µl of RNase A (100 mg/ml) were added to each
sample, incubated at room temperature for 2 minutes, and vortexed for 15 seconds to
obtain RNA-free genomic DNA. Two-hundred microliters of Buffer AL were added and
each sample vortexed. Samples were treated with 200 µl of ethanol (96 – 100%) and
mixed again thoroughly by vortexing. The mixtures were pipetted into a DNeasy mini
spin column, which was placed into a 2 ml collection tube and centrifuged at 8000 rpm
for 1 minute. Flow-through was discarded, and the DNeasy mini spin column was placed
into a new 2 ml collection tube. Five-hundred microliters of Buffer AW1 were added to
the DNeasy mini spin column and centrifuged at 8000 rpm for 1 minute. Flow-through
was discarded, and the DNeasy mini spin column was placed into a new 2 ml collection
tube. Five-hundred microliters of Buffer AW2 were added to the DNeasy mini spin
column and centrifuged at 13000 rpm for 3 minutes. Flow-through was discarded and the
DNeasy mini spin column was placed into a new 2 ml collection tube. To elute the DNA
product, 100 µl of Buffer AE was added to the DNeasy mini spin column and centrifuged
at 8000 rpm for 1 minute. To increase the final concentration of isolated DNA, the
elution process was repeated. Flow-through from each elution was pipetted into a 1.5 ml
micro-centrifuge tube, resulting in a final product of 200 µl. The final product was
placed into a desiccator to dry down the product. Once the product was dried down, 50
µl of sterile deionized water (diH2O) was added to each sample to rehydrate the product.
DNA concentration was checked using a NanoDrop™ machine.
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A primer set was derived from a mtDNA study on parasitic nematodes and their
effects on shrews by Brant & Orti (2003b). This primer set was originally derived from
the versatile primers sets (L15926 and H651) of Kocher et al. (1989) and further revised
by Stewart & Baker (1994). The primer set utilized by Stewart & Baker (1994) and
Brant & Orti (2003b) was used to amplify a 780 base-pair (bp) fragment of the control
region of mtDNA: SDF 5’ – CCCCACCATCAGCACCCAAAGC – 3’ and SDR 5’ –
AGCGGGTTGCTGGTTTCACG – 3’.
Amplification was carried out using the polymerase chain reaction (PCR) in an
Eppendorf Mastercycler®. Denaturation of the DNA template took place at 94°C for 4
minutes. Annealing of the primers to the single-stranded DNA template took place at
94°C for 45 seconds, followed by 50°C for 1 minute, and 72°C for 2 minutes. This
process was repeated for 42 cycles. Extension and elongation of a new DNA strand
complementary to the DNA template took place at 72°C for 10 minutes and then held at
12°C until ready to be removed from the thermocycler.
In order to determine whether the PCR generated the anticipated DNA fragment,
agarose electrophoresis gel was utilized for size separation of the PCR products. Two
percent agarose gels were prepared using 1X TAE buffer and concentrated agarose.
Addition of ethidium bromide (EtBr) allowed for the fluorescence of DNA bands. This
mixture was poured into an agarose gel try containing a insert and allowed to sit until it
cooled and solidified. The insert was removed, and the tray was placed inside an
electrophoresis container. 1X TAE buffer was added until the gel was covered. A sheet
of parafilm was placed onto the lab bench and taped down. Sections were made on the
parafilm to separate each sample. Two microliters of 5X Nucleic Acid Sample Loading
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Buffer was then added to each section. Five microliters of each sample were then added
to each section containing the Nucleic Acid Sample Loading Buffer. Each section was
pipetted thoroughly for mixing. Seven microliters of an EZ Load™ 100 bp molecular
ruler were added to the first and last wells of the agarose gel. Seven microliters of each
mixed sample were loaded into each individual well and labeled appropriately for
identification. The gel was run for 3 hours at 140 volts using a Bio-Rad® PowerPac™
Basic power source. Base pairs for each sample were noted and unpurified PCR products
sent for sequencing to the University of Washington’s (UW) High Throughput Genomics
Center (htSEQ) in Seattle, Washington. UW htSEQ used Exo-Sap™ to clean the PCR
reactions, followed by sequencing in ABI 3730xl DNA analyzers with the specific
primers mentioned previously. Quality control and base calling were conducted by UW
htSEQ using ABI’s latest software.
Phylogenetic Analysis
Forward and reverse sequences for each sample were downloaded and individually
analyzed in BioEdit version 7.2.5 (Hall 1999) for miscalled bases and trimming of lowquality DNA sequence from the ends. Upon revision, the forward and reverse sequences
for each sample were aligned in BioEdit version 7.2.5 (Hall 1999), discrepancies
examined and corrected (if observed), and a consensus sequence was created for each
sample. Consensus sequences for each individual were combined and aligned in
ClustalW (Larkin et al. 2007).
Overall alignment consisted of 1020 base pairs (bp) including gaps/missing data and
indels. The alignment was viewed in Mesquite ver. 2.75 (Maddison & Maddison 2011)
and a congruent 214 bp alignment was exported as a nexus file for further phylogenetic
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and statistical analyses. Original sequence structure was maintained and included all
gaps and indels associated with the alignment to keep sequence data as raw as possible.
The sequence alignment was imported into DnaSP version 5.10 (Librado & Rozas
2009), and populations of B. carolinensis were characterized based upon locality.
Haplotype (h) and nucleotide (ᴨ) diversity were calculated per locality, as well as for the
species as a whole. Two Analysis of Molecular Variance (AMOVA) analyses were
performed in Arlequin 3.5 (Excoffier & Lischer 2010) to calculate molecular variation,
based upon haplotype diversity, within and among populations of B. carolinensis. The
first analysis examined all sampled populations of B. carolinensis as one group. A
second analysis examined populations on opposing sides of the river. For the second
analysis, the eastern Arkansas, eastern Texas, and eastern Oklahoma populations were
treated as a West population with the remaining populations treated as an East
population. Based upon a pairwise difference distance method, among and within
population variation was measured using sum of squares, fixation indices (FST, FCT, FSC),
and significance test with a 95% confidence interval. Fixation indices were used to
determine percent divergence, as well as the extent of genetic differentiation among
subpopulations (FST), among subpopulations within groups (FSC), and among groups
(FCT) based upon haplotype diversity. Fixation index values range on a scale from 0 to 1.
The closer the fixation index value is to 0, the less the genetic divergence. As the
fixation index value approaches 1, genetic divergence is greater. In addition, Tajima’s D
(Tajima 1989) and Fu’s FS (Fu, 1995; 1997) statistics were calculated using 1000
permutations in the AMOVA to infer deviation from neutrality.
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CHAPTER FOUR – RESULTS
Sample Collection and GenBank
Seventy-eight individuals of B. carolinensis were captured and a portion of the control
region of mtDNA control region was isolated from each animal and sequenced. All
sequences were entered into GenBank and accession numbers assigned to each sequence.
Accession numbers can be found in Appendix A of Grow (2015), along with associated
capture data. The overall 1020 bp alignment contained 445 constant sites, 202 variable
and parsimony uninformative sites, and 373 parsimony informative sites.
Haplotype diversity in a 214 bp segment reflected 107 constant sites, 35 variable and
parsimony uninformative sites, and 72 parsimony informative sites. Nucleotide
composition indicated high adenine and thymine (39.55% and 36.65%, respectively) and
low cytosine and guanine (15.41% and 8.39%, respectively). A total of 80 sites were
polymorphic, with 80 containing substitutions. Of the 80 polymorphic sites, 71 contained
transitions and 9 included transversions. Four indels were detected and excluded from
further analysis.
Haplotype and Nucleotide Diversity
A total of 54 distinct haplotypes were detected among the 78 B. carolinensis sampled.
For all populations combined, total haplotype and total nucleotide diversity were 0.987
and 0.056, respectively. Haplotype and nucleotide diversity for each population are
given in Table 1.
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Table 1. Haplotype and nucleotide diversity for B. carolinensis derived from specimens
collected in western Tennessee, eastern Arkansas, eastern Texas, and eastern Oklahoma
based on 95% confidence interval.
Study Areas1

No.2

n H2

h2 ± SD

ᴨ2 ± SD

Ames (TN)

9

8

0.972 ± 0.064

0.060 ± 0.007

Arkansas (AR)

9

4

0.806 ± 0.089

0.039 ± 0.006

Hatchie (TN)

12

10

0.960 ± 0.044

0.064 ± 0.007

Meeman (TN)

14

9

0.879 ± 0.079

0.033 ± 0.008

Milan (TN)

13

11

0.974 ± 0.039

0.049 ± 0.003

Oklahoma (OK)

6

5

0.933 ± 0.122

0.052 ± 0.008

Shelby Farms (TN)

11

7

0.909 ± 0.066

0.061 ± 0.012

Texas (TX)

4

2

0.500 ± 0.265

0.024 ± 0.013

Total

78

56*

0.987 ± 0.005

0.056 ± 0.003

1

Study areas: AR = Arkansas; OK = Oklahoma; TN = Tennessee; TX = Texas.

2

Haplotype and nucleotide diversity: No. = number of individuals; nH = number of haplotypes; h

= haplotype diversity; ᴨ = nucleotide diversity; SD = standard deviation
*Two haplotypes shared between multiple localities, resulting in larger number of total
haplotypes (see text for a more detailed explanation).

Only 2 haplotypes were shared among populations. Hatchie and Shelby Farms shared
haplotype 13, while Meeman and Milan shared haplotype 25. Four individuals exhibited
haplotype 13, 2 from Hatchie and 2 from Shelby Farms. Haplotype 25 comprised 3
individuals, 2 from Milan and 1 from Meeman. Multiple haplotypes were shared within
populations. Ames, Hatchie, Milan, and Oklahoma all revealed that 2 individuals from
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each population shared haplotypes 1, 15, 39, and 44, respectively. Haplotypes 10, 11,
and 12 were shared among 3, 2, and 3 individuals from Arkansas, respectively. Within
Meeman, 5 individuals exhibited haplotype 27 and 2 individuals displayed haplotype 29.
Shelby Farms showed 2 individuals that shared haplotype 50 and 3 individuals that
shared haplotype 52. Haplotype 53 was shared among 3 individuals from Texas. The
remaining 40 haplotypes consisted of multiple mutational changes and were not shared
among or within each population and were considered unique to their associated locality.
Haplotype frequencies can be found in Appendix B of Grow (2015).
Nucleotide diversity for all populations ranged from 0.024 – 0.064 (Table 1). The
lowest nucleotide diversity (0.024) was for Texas. Populations from Arkansas and
Meeman had similar nucleotide diversity (0.039 and 0.033, respectively) and, also, had
the highest number of shared haplotypes and number of individuals sharing haplotypes
within a population. For Ames, Hatchie, Milan, Oklahoma, and Shelby Farms
populations, nucleotide diversity was 0.060, 0.064, 0.049, 0.052, and 0.061, respectively
(highest value at Hatchie and lowest at Milan).
AMOVA
When examining populations of B. carolinensis as a whole, 17.3% of the haplotype
diversity was attributed to genetic variation among populations and 82.7% within
populations. FST indicated significant moderate divergence (FST = 0.17299, p < 0.05)
among subpopulations within B. carolinensis. Results from the pairwise comparison of
genetic differentiation among the 8 geographic populations are given in Table 2.
Samples for Oklahoma and Texas populations showed the highest significant FST values
and differed from all populations except from each other. Furthermore, the Meeman
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population also expressed high significant FST values and differed from all populations
except from the Shelby Farms population. Tajima’s D was negative not significant (D = 0.73221, p > 0.05). Fu’s FS was highly negative and significant (FS = -24.32954, p <
0.05).

Table 2. Pairwise comparison of genetic differentiation among 8 populations of southern
short-tailed shrews (Blarina carolinensis). Values are FST-values based on DNA sequence
variation of mtDNA control region. Numbers denoted by an asterisk (*) are significantly
different from 0 (p < 0.05).
Study
Areas1
Ames

Ames

Arkansas

Hatchie

Meeman

Milan

Oklahoma

Texas

-----

Shelby
Farms
-----

0.00000

-----

-----

-----

-----

Arkansas

0.05500

0.00000

-----

-----

-----

-----

-----

-----

Hatchie

0.04708

0.10274*

0.00000

-----

-----

-----

-----

-----

Meeman

0.24202*

0.11663*

0.22467*

0.00000

-----

-----

-----

-----

Milan

0.05255

0.12813*

0.03292

0.29471*

0.00000

-----

-----

-----

Oklahoma

0.19979*

0.17648*

0.16809*

0.27855*

0.17656*

0.00000

-----

-----

0.13760*

0.09710

0.09476*

0.05773

0.17314*

0.16559*

0.00000

-----

0.37358*

0.37881*

0.34747*

0.36088*

0.44344*

0.30148

0.24650*

0.00000

-----

Shelby
Farms
Texas

1

See text for descriptions of study areas.

East and West groupings of the sampled populations attributed 1.91% of the haplotype
diversity to genetic variation among groups, 16.3% among populations within groups,
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and 81.8% within populations. FST and FSC values revealed significant moderate
divergence (FST = 0.18201, p < 0.05; FSC = 0.16612, p < 0.05); however, FCT revealed
low divergence and was not significant (FCT = 0.01906, p > 0.05). For the East
population, Tajima’s D was negative and not significant (D = -0.62185, p > 0.05), while
Fu’s FS was highly negative and significant (FS = -19.70753, p < 0.05). For the West
population, Tajima’s D and Fu’s FS exhibited small, positive values (D = 0.33033, p >
0.05; FS = 0.59542, p > 0.05) and were not significant. However, when examining each
of the 8 populations sampled individually, there was no significant deviation from
neutrality for both Tajima’s D and Fu’s FS.
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CHAPTER FIVE – DISCUSSION
Based on results of the present study, the prediction that haplotype and nucleotide
diversity derived from mtDNA for the southern short-tailed shrew in a chromosomal
hybrid zone are fixed throughout western Tennessee, eastern Arkansas, eastern
Oklahoma, and eastern Texas was rejected. However estimators of these parameters
followed a pattern of high haplotype and nucleotide variation across the range sampled
and exhibited no apparent geographic pattern (see Table 1). Additionally, genetic
variation was, generally, within the range reported in other studies relating to small
mammals (see Yamagata et al. 1995; Brant & Orti 2003b; Ohdachi et al. 2012; Korstian
et al. 2015). For example, I found a 1020 bp alignment containing 445 constant sites,
202 variable and parsimony uninformative sites, and 373 parsimony informative sites
with 214 bp contiguous subset of this alignment containing 107 constant sites, 35 variable
and parsimony uninformative sites, and 72 parsimony informative sites; whereas, Brant
& Orti (2002) reported transition/transversion ratios in a 783 bp alignment for B.
brevicauda and B. hylophaga, with the alignment containing 515 constant sites, 110
variable and parsimony uninformative sites, and 158 parsimony informative sites.
Haplotype and Nucleotide Diversity
In the present investigation, 80 sites within the alignment were polymorphic with 80
sites containing substitutions. Of these polymorphic sites, 71 contained transitions and 9
contained transversions. These values and the transition/transversion ratio for
substitutions are comparable to results described by Taberlet et al. (1994) and Ratkiewicz
et al. (2002) for mtDNA in the chromosomal polymorphic Sorex araneus (common
shrew). The transitional bias mentioned by Taberlet et al. (1994) is further supported by
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Brown et al. (1982) and Irwin et al. (1991). Additionally, nucleotide composition in the
present study consisted of a deficiency in cytosine and guanine and a surplus of adenine
and thymine. Brant & Orti (2002) reported a similar deficiency of guanine (12%) and
equivalent values for thymine (29%), cytosine (29%), and adenine (30%) for B.
brevicauda and B. hylophaga.
For B. carolinensis, based on previous assessments, I considered haplotype and
nucleotide diversity high in the current study. Haplotype diversity ranged from 0.500 to
0.974 and nucleotide diversity ranged from 0.024 – 0.064. In the present investigation, I
found that each of the 8 populations of B. carolinensis contained 2 – 5 unique haplotypes
that were not identified in other populations. However, 2 haplotypes (13, 25) were
shared between Meeman/Milan and Shelby Farms/Hatchie. These results are similar to
those of other investigations. High haplotype diversity (0.959 – 0.985) described by
Brant & Orti (2003a) for B. brevicauda were very similar to the present study; however,
they reported low nucleotide diversity (0.005 – 0.015). Their results were attributed to
past fragmentation and range expansion events following the Pleistocene glacial cycles.
Recolonization from various glacial refugia following the last glacial maximum during
the Pleistocene was explained as a probable cause of high haplotype diversity and low
nucleotide diversity in a study involving least shrews (the Sorex minutissimus - S.
yukonicus complex; Ohdachi et al. 2012). Similar to values produced by Brant and Orti
(2003a) and the present study, Ohdachi et al. 2012 reported high haplotype diversity
(0.667 – 1.00) and low nucleotide diversity (0.00228 – 0.02061) for the S. minutissimus –
S. yukonicus complex. Other studies (Maldonado et al. 2001; Esselstyn & Brown 2009;
Hutchinson 2010) have examined mtDNA haplotype and nucleotide diversity in shrew
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species and have reported similar values to Brant & Orti (2003a) and Ohdachi et al.
(2012). Maldonado et al. (2001) noted haplotypes for 3 subdivisions of Sorex ornatus
(ornate shrew) and indicated that 6 populations contained 2 – 4 haplotypes each.
Esselstyn & Brown (2009) reported high haplotype diversity (0.417 – 1.00) and low to
moderate nucleotide diversity (0.0015 – 0.0279) for the genus Crocidura. Additonally,
Hutchinson (2010) demonstrated high haplotype diversity and low nucleotide diversity in
Cryptotis parva (least shrew). Maldonado et al. (2001), Esselstyn & Brown (2009), and
Hutchinson (2010) suggested topographic barriers and/or expansion/contraction of shrew
populations during Pleistocene glacial cycles were the cause of diversity. While these
studies showed similar haplotype diversity to the present study, their nucleotide diversity
differed greatly from the present study.
Yamagata et al. (1995) examined populations of the Asian house shrew (Suncus
murinus). They reported variability of mtDNA haplotypes to be very large with 4 – 7
haplotypes per locality and only 2 haplotypes shared between populations. Maximum
values of nucleotide diversity within populations of S. murinus studied by Yamagata et
al. (1995) were calculated to be greater than 2%, similar to the present study. Yamagata
et al. (1995) concluded that the origin of shrew populations might be considerably old
and their population sizes were extremely large. Korstian et al. (2015) reported high
haplotype diversity in migratory tree bats, Lasiurus borealis (0.91 – 0.98) and L. cinereus
(0.71 – 0.86). Additionally, they reported moderate nucleotide diversity (0.0068 –
0.0107) for L. borealis populations and low nucleotide diversity (0.0037 – 0.0053) for L.
cinereus populations. Korstian et al. (2015) indicated that high haplotype and nucleotide
diversity can indicate large sustained population sizes, whereas, high haplotype and low
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nucleotide diversity can indicate recent population growth. Furthermore, populations
that exhibit high genetic diversity can be consistent with a large, well-connected
population (Korstian et al. 2015). A large sustained population size could explain the
high haplotype and nucleotide diversity seen in the present study.
AMOVA
Results from the AMOVA showed that overall genetic variation for B. carolinensis
was much smaller among populations (17.3%) than within populations (82.7%).
Additionally, results from East and West groupings were similar to the sampled
population as a whole. Sipe & Browne (2004) showed similar variation for S. cinereus
(masked shrew) and S. fumeus (smoky shrew). They reported variation within
populations to be greater than among populations for S. cinereus (91.5%, 8.5%,
respectively) and S. fumeus (71.2%, 28.8%, respectively). Sipe & Browne (2004)
attributed variation to habitat fragmentation during the last glacial maximum and further
suggested a catastrophic event induced a population bottleneck within the Sorex species
studied. On the contrary, Brant & Orti (2003a) showed that overall genetic variation for
B. brevicauda was smaller within populations (32.8%) than between populations
(67.2%). Brant & Orti (2003a) attributed variation to post-glacial range expansion
following Pleistocene glacial cycles. While the present study shows the opposite of Brant
& Orti (2003a) in regards to variation within and among populations, a catastrophic event
as proposed by Sipe & Browne (2004) seems probable. The New Madrid fault line lies
within the sampled region. The biggest earthquake in U.S. history occurred within the
New Madrid seismic zone in 1812. The New Madrid seismic zone is the most active
earthquake region in the U.S. and has been more active over the last few years (Missouri
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Department of Natural Resources 2014). Genetic variation within the region sampled
could be a by-product of seismic activity.
In the present study, Tajima’s D and Fu’s FS were calculated. Fu’s FS is a more
powerful statistic for analyzing neutrality and population expansion (Holsinger 2012).
Fu’s FS indicated significant deviation from neutrality for all populations combined (FS =
-24.32954, p < 0.05). When populations were separated into regional groups, the East
population was the only one to still exhibit significance (FS = -19.70753, p < 0.05). Brant
& Orti (2003a) showed similar Fu’s FS values for 3 regional populations of B. brevicauda
(West FS = -13.8, East-Central FS = -6.8, and Appalachian FS = -24.7) when compared to
East and West populations of the present study. However, when each of the 8
populations in the present study was examined individually, no significant deviation from
neutrality was detected for either Tajima’s D or Fu’s FS, thus indicating that selection is
neutral. It is possible that sample size could affect the calculation of Tajima’s D and Fu’s
FS in the present study. Goodall-Copestake et al. (2012) conducted a case study
examining haplotype and nucleotide diversity of the cox1 gene of various studies. They
showed that samples consisting of more than 5 individuals were sufficient to differentiate
high from low population level diversity and indicated that sample sizes greater than 25
were recommended for greater accuracy (Goodall-Copestake et al. 2012). Furthermore,
Ramos-Onsins & Rozas (2002) proposed that the R2 test was superior for small sample
sizes, whereas FS was better for large sample sizes. While overall sample size was
sufficient (>5) throughout most localities (with the exception of Texas), additional
samples from each locality, as well as, from other sites between the western localities
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could give a better understanding of the departure from neutrality and inference of
population expansion.
Geographical structuring of populations was not seen in the present study. Pairwise
comparison of genetic differentiation revealed that the Oklahoma and Texas populations
were significantly different than the remaining populations. Furthermore, the Meeman
population was significantly different from all populations except Shelby Farms. FST
values for all populations were low to moderate indicating little to moderate
differentiation from one another. Brant & Orti (2003a) showed similar geographical
structuring of haplotypes within the western phylogroup of B. brevicauda, despite
haplotypes being separated geographically by more than 400 km. Similarly, in the
present study, no major geographical structuring of haplotypes was seen even though
local populations (within western Tennessee and eastern Arkansas) were separated by no
more than 212 km, with the more distant populations (eastern Texas and eastern
Oklahoma) no more than 581 km from the Arkansas population. Brant & Orti (2003a)
attributed the lack of geographic structuring in their western phylogroup to contiguous
population expansion. A lack of geographical structuring for genetic diversity was also
reported for populations of L. borealis and L. cinereus over a large part of their
distribution (Korstian et al. 2015). Rapid historical population growth and range
expansion, coupled with a large sustained population size was determined to be a
probable cause (Korstian et al. 2015). The lack of geographic structuring of genetic
variation in the present study could be the result of rapid population growth and range
expansion.
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Summary
The current study confirms B. carolinensis to be haplotype and nucleotide rich and
exhibit considerable variation within and among populations, as might be expected based
on previous studies that utilized allozymes (Tolliver & Robbins, 1987), chromosomes
(George et al. 1982; Elrod et al. 1996; Qumsiyeh et al. 1999), and mtDNA (Brant & Orti
2003a, 2003b). However, causation of the pattern of genetic variation described in the
present investigation remains uncertain. Numerous explanations for patterns of species
variation have been proposed (see Mayr & Ashlock 1991). However, no single
explanation appears to drive genetic diversity in Blarina, and a combination of factors are
probably involved. Based on previous investigations and given the geographic regions
studied (area associated with the New Madrid fault zone; see Vorontsov & Lyapunova
1984; Qumsiyeh et al. 1997; Sadoyan et al. 2003), generalist-habitat requirements of the
species (McCay 2001), seismic activity and habitat, coupled with recolonization from
various glacial refugia following the last glacial maximum during the Pleistocene (see
Brant & Orti 2003a, 2003b) and random events (Stanley 1975; Soltis & Soltis 1993;
Haydon and Steen 1997; Ramsey & Schemake 1998; Coyne & Orr 2004), likely are
important components of the biological factors associated with genetic diversity in B.
carolinensis. Qumsiyeh et al. (1999) suggested that aspects of chromosomal variation
likely arose independently, separated temporally and geographically, and radiated into
surrounding populations to create a complex zone of chromosomal polymorphism. It
appears haplotype and nucleotide diversity could likely follow this same pathway.
However, additional sampling of genetic variation within this chromosomal hybrid zone
is needed. Future studies involving the application of nuclear DNA and mtDNA, coupled
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with karyotypic analyses are needed to more clearly understand the patterns and
processes associated with genetic variability in B. carolinensis and other species in early
stages of speciation.
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APPENDIX A
Localities and accession numbers for samples collected for a genetic study of Blarina
carolinensis.
Species
Sample ID
B. carolinensis Ames100
Ames121
Ames122
Ames123
Ames125
Ames126
Ames127
Ames128
Ames129
AR1

Year
2000
2011
2011
2011
2011
2011
2011
2011
2011
2012

AR4

2012

AR7

2012

AR9

2012

AR10

2012

AR13

2012

AR16

2012

AR19

2012

AR20

2012

Hatchie412
Hatchie413
Hatchie414
Hatchie415
Hatchie416
Hatchie417
Hatchie418
Hatchie419
Hatchie421
Hatchie422
Hatchie423
Hatchie424
Meeman26

2012
2012
2012
2012
2012
2012
2012
2012
2012
2012
2012
2012
2010

Meeman105

2010

Meeman160

Unknown

Meeman168

Unknown

Meeman175

Unknown

Location
Accession #
Ames Plantation, Fayette County, Tennessee KT369195
Ames Plantation, Fayette County, Tennessee KT863012
Ames Plantation, Fayette County, Tennessee KT863013
Ames Plantation, Fayette County, Tennessee KT863014
Ames Plantation, Fayette County, Tennessee KT863015
Ames Plantation, Fayette County, Tennessee KT863016
Ames Plantation, Fayette County, Tennessee KT863017
Ames Plantation, Fayette County, Tennessee KT863018
Ames Plantation, Fayette County, Tennessee KT863019
Wapanocca NWR, Crittenden County,
KT369196
Arkansas
Wapanocca NWR, Crittenden County,
KT863020
Arkansas
Wapanocca NWR, Crittenden County,
KT863021
Arkansas
Wapanocca NWR, Crittenden County,
KT863022
Arkansas
Wapanocca NWR, Crittenden County,
KT863023
Arkansas
Wapanocca NWR, Crittenden County,
KT863024
Arkansas
Wapanocca NWR, Crittenden County,
KT863025
Arkansas
Wapanocca NWR, Crittenden County,
KT863026
Arkansas
Wapanocca NWR, Crittenden County,
KT863027
Arkansas
Hatchie NWR, Haywood County, Tennessee KT369197
Hatchie NWR, Haywood County, Tennessee KT863037
Hatchie NWR, Haywood County, Tennessee KT863038
Hatchie NWR, Haywood County, Tennessee KT863039
Hatchie NWR, Haywood County, Tennessee KT863040
Hatchie NWR, Haywood County, Tennessee KT863041
Hatchie NWR, Haywood County, Tennessee KT863042
Hatchie NWR, Haywood County, Tennessee KT863043
Hatchie NWR, Haywood County, Tennessee KT863044
Hatchie NWR, Haywood County, Tennessee KT863045
Hatchie NWR, Haywood County, Tennessee KT863046
Hatchie NWR, Haywood County, Tennessee KT863047
Meeman Biological Field Station, Shelby
KT369198
County, Tennessee
Meeman Biological Field Station, Shelby
KT863048
County, Tennessee
Meeman Biological Field Station, Shelby
KT863049
County, Tennessee
Meeman Biological Field Station, Shelby
KT863050
County, Tennessee
Meeman Biological Field Station, Shelby
KT863051
County, Tennessee
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Species
Sample ID
B. carolinensis Meeman176

Year
Unknown

Meeman178

Unknown

Meeman400

2001

Meeman401

2001

Meeman402

2001

Meeman403

2001

Meeman404

2001

Meeman406

2001

Meeman159

Unknown

Milan134
Milan135
Milan136
Milan137
Milan407
Milan408
Milan409
Milan410
Milan411
Milan1
Milan2
Milan3
Milan5
Oklahoma1
Oklahoma2
Oklahoma3
Oklahoma4
Oklahoma5
Oklahoma6
ShelbyFarms30

Unknown
Unknown
Unknown
Unknown
Unknown
2006
2004
Unknown
2000
2004
2004
2013
2006
Unknown
Unknown
Unknown
Unknown
Unknown
Unknown
2011

ShelbyFarms33

2011

ShelbyFarms34

2011

ShelbyFarms51

2011

ShelbyFarms54

2011

ShelbyFarms103

2010

ShelbyFarms104

2010

ShelbyFarms110

2011

SheblyFarms139

2011

Location
Meeman Biological Field Station, Shelby
County, Tennessee
Meeman Biological Field Station, Shelby
County, Tennessee
Meeman Biological Field Station, Shelby
County, Tennessee
Meeman Biological Field Station, Shelby
County, Tennessee
Meeman Biological Field Station, Shelby
County, Tennessee
Meeman Biological Field Station, Shelby
County, Tennessee
Meeman Biological Field Station, Shelby
County, Tennessee
Meeman Biological Field Station, Shelby
County, Tennessee
Meeman Biological Field Station, Shelby
County, Tennessee
Milan Army Ammunition Plant, Tennessee
Milan Army Ammunition Plant, Tennessee
Milan Army Ammunition Plant, Tennessee
Milan Army Ammunition Plant, Tennessee
Milan Army Ammunition Plant, Tennessee
Milan Army Ammunition Plant, Tennessee
Milan Army Ammunition Plant, Tennessee
Milan Army Ammunition Plant, Tennessee
Milan Army Ammunition Plant, Tennessee
Milan Army Ammunition Plant, Tennessee
Milan Army Ammunition Plant, Tennessee
Milan Army Ammunition Plant, Tennessee
Milan Army Ammunition Plant, Tennessee
Le Flore County, Oklahoma
Le Flore County, Oklahoma
Le Flore County, Oklahoma
Le Flore County, Oklahoma
Le Flore County, Oklahoma
Le Flore County, Oklahoma
Shelby Farms Park, Shelby County,
Tennessee
Shelby Farms Park, Shelby County,
Tennessee
Shelby Farms Park, Shelby County,
Tennessee
Shelby Farms Park, Shelby County,
Tennessee
Shelby Farms Park, Shelby County,
Tennessee
Shelby Farms Park, Shelby County,
Tennessee
Shelby Farms Park, Shelby County,
Tennessee
Shelby Farms Park, Shelby County,
Tennessee
Shelby Farms Park, Shelby County,
Tennessee
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Accession #
KT863052
KT863053
KT863054
KT863055
KT863056
KT863057
KT863058
KT863059
KT863060
KT369199
KT863061
KT863062
KT863063
KT863064
KT863065
KT863066
KT863067
KT863068
KT863069
KT863070
KT863071
KT863072
KT369200
KT863073
KT863074
KT863075
KT863076
KT863077
KT863078
KT863079
KT863080
KT863081
KT863082
KT863083
KT863084
KT863085
KT369201

Species
Sample ID
B. carolinensis Texas183

B. brevicauda

B. hylophaga

Year
Unknown

Texas184

2010

Texas186

2010

Texas192

2010

BR1

1995

BR2
BR7

1995
2011

BR8

2011

BR9

2011

BR10

2011

BR11

2011

EastTN1

1995

EastTN2

1995

Texas180

2010

Texas181

2010

Texas185

2009

Texas188

Unknown

Texas190

2004

Texas191

Unknown

Location
East Texas Baptist University, Harrison
County, Texas
East Texas Baptist University, Harrison
County, Texas
East Texas Baptist University, Harrison
County, Texas
East Texas Baptist University, Harrison
County, Texas
Cherokee National Forest, Monroe County,
Tennessee
Davidson County, Tennessee
Roan Mountain State Park, Carter County,
Tennessee
Roan Mountain State Park, Carter County,
Tennessee
Roan Mountain State Park, Carter County,
Tennessee
Roan Mountain State Park, Carter County,
Tennessee
Roan Mountain State Park, Carter County,
Tennessee
Cherokee National Forest, Monroe County,
Tennessee
Cherokee National Forest, Monroe County,
Tennessee
East Texas Baptist University, Harrison
County, Texas
East Texas Baptist University, Harrison
County, Texas
East Texas Baptist University, Harrison
County, Texas
East Texas Baptist University, Harrison
County, Texas
East Texas Baptist University, Harrison
County, Texas
East Texas Baptist University, Harrison
County, Texas
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Accession #
KT369202
KT863088
KT863090
KT863094
KT863028
KT863029
KT863030
KT863031
KT863032
KT863033
KT863034
KT863035
KT863036
KT863086
KT863087
KT863089
KT863091
KT863092
KT863093

Appendix B
Haplotype frequencies of B. carolinensis in western Tennessee, eastern Arkansas, eastern
Oklahoma, and eastern Texas.
Haplotype
Hap 1
Hap 2
Hap 3
Hap 4
Hap 5
Hap 6
Hap 7
Hap 8
Hap 9
Hap 10
Hap 11
Hap 12
Hap 13
Hap 14
Hap 15
Hap 16
Hap 17
Hap 18
Hap 19
Hap 20
Hap 21
Hap 22
Hap 23
Hap 24
Hap 25
Hap 26
Hap 27
Hap 28
Hap 29
Hap 30
Hap 31
Hap 32
Hap 33
Hap 34
Hap 35
Hap 36
Hap 37
Hap 38
Hap 39
Hap 40
Hap 41
Hap 42
Hap 43
Hap 44
Hap 45
Hap 46
Hap 47
Hap 48
Hap 49

Ames
0.222
0.111
0.111
0.111
0.111
0.111
0.111
0.111
---------------------------------------------------------------------------------------------------------------------------------------------------------------------

Arkansas
--------------------------------0.111
0.333
0.222
0.333
-----------------------------------------------------------------------------------------------------------------------------------------------------

Hatchie
------------------------------------------------0.167
0.083
0.167
0.083
0.083
0.083
0.083
0.083
0.083
0.083
-------------------------------------------------------------------------------------------------------------

Meeman
----------------------------------------------------------------------------------------0.071
0.071
0.071
0.071
0.357
0.071
0.143
0.071
0.071
-------------------------------------------------------------------------
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Milan
------------------------------------------------------------------------------------------------0.154
------------------------0.077
0.077
0.077
0.077
0.077
0.077
0.077
0.154
0.077
0.077
---------------------------------

Oklahoma
--------------------------------------------------------------------------------------------------------------------------------------------------------------------0.167
0.167
0.333
0.167
0.167
-------------

Shelby Farms
------------------------------------------------0.182
------------------------------------------------------------------------------------------------------------------------------------0.091
0.091
0.091

Texas
-----------------------------------------------------------------------------------------------------------------------------------------------------------------------------------------------------

Haplotype
Hap 50
Hap 51
Hap 52
Hap 53
Hap 54

Ames
---------------------

Arkansas
---------------------

Hatchie
---------------------

Meeman
---------------------
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Milan
---------------------

Oklahoma
---------------------

Shelby Farms
0.182
0.091
0.273
---------

Texas
------------0.750
0.250

IACUC Protocol
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